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The enzymatic degradation of the closely related insoluble polysaccharides; cellulose (b(1–4)-linked
glucose) by cellulases and chitin (b(1–4)-linked N-acetylglucosamine) by chitinases, is of large bio-
logical and economical importance. Processive enzymes with different inherent directionalities,
i.e. attacking the polysaccharide chains from opposite ends, are crucial for the efﬁciency of this
degradation process. While processive cellulases with complementary functions differ in structure
and catalytic mechanism, processive chitinases belong to one single protein family with similar
active site architectures. Using the unique model system of Serratia marcescenswith two processive
chitinases attacking opposite ends of the substrate, we here show that different directionalities of
processivity are correlated to distinct differences in the kinetic signatures for hydrolysis of oligo-
meric tetra-N-acetyl chitotetraose.
 2015 Published by Elsevier B.V. on behalf of the Federation of European Biochemical Societies.1. Introduction
Chitin, a b-1,4-linked linear polymer of N-acetyl glucosamine
(GlcNAc), and cellulose, comprised of b-1,4-linked glucose, are
the two most abundant biopolymers in Nature with an annual pro-
duction amounting to 100 billion and one trillion tons respectively
[1,2]. Thus, these polymers are an almost unlimited source of raw
material for environmentally friendly and biocompatible products.
The enzymatic degradation of these recalcitrant polysaccharides is
therefore of great biological and economical importance.
Enzymes catalyzing the hydrolysis of O-glycosidic bonds
between two or more carbohydrates or between a carbohydrate
and a non-carbohydrate moiety are called glycoside hydrolases
(GHs) (www.cazy.org; [3]). The enzymatic hydrolysis of glycosidic
bonds requires a proton donor and a nucleophile/base and leads to
either retention or inversion of the stereochemistry on the anome-
ric oxygen at C1 [4–6]. Moreover, enzymes acting on polysaccha-
rides can have different modes of action. Endo-acting enzymes
randomly cleave the polymer chains, whereas exo-acting enzymes
have a preference for acting from either the reducing or thenon-reducing chain end [4]. Both endo and exo mechanisms can
be combined with processive action meaning that the enzyme
hydrolyzes a series of glycosidic linkages along the same polymer
chain producing dimeric products before dissociation. In order to
bind to and guide the insoluble substrate through the active site
cleft, many GHs have a path of solvent exposed aromatic residues
leading from a carbohydrate binding domain to the active site cleft
[7–12]. It has been suggested that these residues function as a ﬂex-
ible and hydrophobic sheath along which the polymer chain can
slide during the processive mode of action [13,14].
There are 21 different GH families that contain one or more cel-
lulose degrading enzymes. Most of these cellulases are classiﬁed
into GH family 5, 6, 7, 8, 9, 12, 44, 45 and 48 [3,15]. Processive
exo-acting cellulases are found in families 6, 7, and 48 [16].
Families 7 and 48 contain exo-cellulases moving from the reducing
end using the retaining mechanism. Exo-cellulases moving in the
opposite direction are found in family 6 and use the inverting
mechanism [3,17]. Some processive endo-cellulases belonging to
families 5 and 9 have recently been discovered [18,19].
Chitinases occur in GH families 18 and 19, and family 18 chiti-
nases are thought to be Nature’s primary instrument for degrada-
tion of recalcitrant chitinous biomass. Interestingly, while all GH18
enzymes use the same retaining substrate-assisted catalytic mech-
anism [20–22], members of the GH18 family differ in terms of endo
versus exo-activity, processive versus non-processive action, and
the directionality of processivity [7,23–26]. A speciﬁc example is
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three well-characterized GH18 chitinases [24]. Chitinase A (ChiA)
is processive and moves toward the non-reducing end, while chiti-
nase B (ChiB) also is processive but moves toward the reducing end
(Fig. 1) [26]. Chitinase C (ChiC) is a less processive endo-acting
enzyme [27,28]. The two processive chitinases have aromatic resi-
dues in their +1 and +2 subsites. In ChiB, these subsites interact
with the substrate during processive hydrolysis while in ChiA the
product of a processive hydrolysis, chitobiose, is displaced from
these subsites (Fig. 1). In this study, we show, by kinetic analyses
of site-directed mutants in subsite +1 and +2 in ChiA and ChiB, that
different directionalities of processivity are correlated to distinct
differences in the kinetic signatures for hydrolysis of oligomeric
tetra-N-acetyl chitotetraose.
2. Materials and methods
2.1. Chemicals
Chito-oligosaccharides were obtained from Megazyme
(Wicklow, Ireland). All other chemicals were of analytical grade.
2.2. Protein expression and puriﬁcation
The chitinases used were from S. marcescens strain BJL200
[29,30]. ChiA-F396A and ChiA-W275A genes were expressed in
Escherichia coli as described previously [25]. For protein puriﬁca-
tion, periplasmic extracts were loaded on a column packed withFig. 1. Enzyme–substrate interactions for ChiA and ChiB. Panel A and C show the structur
reducing end. Panels B and D show the structure of exo-processive ChiA (PDB ID code 1
representations of the complete protein; the surface-exposed aromatic amino acids in
substrate molecules are shown in magenta. Both chitinases contain a carbohydrate-bind
the left in ChiA (for more details, see Vaaje-Kolstad et al., 2013 [24]) (C) Close up of the ac
the catalytic acid/base (Glu144). (D) Close up of the active site of ChiA.chitin beads (New England Biolabs) equilibrated in 50 mM Tris–
HCl pH 8.0. After washing the column with the same buffer, the
enzymes were eluted with 20 mM acetic acid. The buffer was then
changed to 100 mM Tris–HCl pH 8.0 using Amicon
Ultra-Centrifugal ﬁlters (Millipore). Enzyme purity was veriﬁed
by SDS–PAGE and estimated to be > 95%. Protein concentrations
were determined by using the Bradford Protein Assay from
Bio-Rad.
2.3. Kinetic analysis
The kinetic constants kcat and Km of the ChiA mutants were
determined essentially as described previously [31,32]. In each
experiment, 8–10 different (GlcNAc)4 concentrations varying from
2 to 200 lM in 20 mM sodium acetate buffer, pH 6.1 and 0.1 mg/ml
BSA were pre-incubated in 10 min at 37 C in an Eppendorf thermo
mixer at 800 rpm before the reactions were started by adding puri-
ﬁed enzyme to the reactions. Final enzyme concentrations were
1 nM for ChiA-W275A and 0.5 nM for ChiA-F396A. Seven samples
of 75 ll were withdrawn at regular time intervals up to 20 min,
and the enzyme was inactivated by adding 75 ll 20 mM H2SO4.
At such mildly acidic conditions and short time intervals before
analysis, there are no signiﬁcant acid catalyzed hydrolysis in line
with the work of Einbu and Vårum where such rate constant has
been found to be 1.5  104 s1 in concentrated acid (12 M) [33].
Prior to HPLC analysis, all samples were ﬁltrated through a
0.45 lm Duapore membrane (Millipore) to remove denaturated
protein. All samples were stored at 20 C until HPLC analysis.e of exo-processive ChiB (PDB ID code 1e6n, [22]) that degrades chitin from the non-
ehn, [45]) that degrades chitin from the reducing end. Panels A and B show surface
subsites +1 and +2 are highlighted in blue, whereas crystallographically observed
ing module, a CBM5/12 pointing to the right in ChiB and a FnIII domain pointing to
tive site of ChiB. Asp142 and Glu144 are part of the diagnostic DXDXE motif containing
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oligosaccharides
Concentrations of chito-oligosaccharides were determined
using HPLC with a Rezex Fast fruit H+ column (100 mm length
and 7.8 mm inner diameter) (Phenomenex). An 8 ll sample was
injected on the column, and the oligosaccharides were eluted
isocratically at 1 ml/min with 5 mM H2SO4 at 85 C. The
chito-oligosaccharides were monitored by measuring absorbance
at 210 nm, and the amounts were quantiﬁed by measuring peak
areas. Peak areas were transferred to concentrations using stan-
dard samples with known concentrations of chito-oligosaccharides.
2.5. Data analysis
Reaction conditions were such that the rate of hydrolysis of
(GlcNAc)4 was essentially constant over time, with the (GlcNAc)4
concentration always staying above 80% of the starting concentra-
tion. Data points were only discarded if more than 20% of the initial
(GlcNAc)4 were hydrolyzed (to ensure initial rates only). If, for any
reason, more than two data points, out of the seven, had to be
removed, the whole set was discarded. The slopes of plots of 0.5
times the (GlcNAc)2 concentration versus time were taken as the
hydrolysis rate. The rates were plotted versus substrate concentra-
tion in a Michaelis–Menten plot, and the experimental data were
ﬁtted to either the Michaelis–Menten equation (Eq. (1)) or the
Michaelis–Menten equation with substrate inhibition (Eq. (2))
[34] by non-linear regression using Origin v7.0 (OriginLab Corp.,
Northampton, MA). Three independent measurements were
performed for each mutant, and the obtained parameters are
presented as an average of these three measurements and their
standard deviations.
m0 ¼ Vmax ½SKm þ ½S ð1Þ
m0 ¼ Vmax ½S
Km þ 1þ ½SK i
 
½S
ð2Þ3. Results and discussion
Kinetic data have previously been obtained for ChiA-WT,
ChiB-WT, ChiB-W97A (subsite +1), and ChiB-W220A (subsite +2)
using (GlcNAc)4 as the substrate (Table 1) [31]. In this work, we
have obtained kinetic data for ChiA-W275A (subsite +1) and
ChiA-F396A (subsite +2) allowing comparative analyses of effects
on the same mutations in ChiB to address the connection between
directionality and structural features of the +1 and +2 subsites
(Fig. 1). Note that, due to the difference in directionality [23,26],
the +1 and +2 subsites are product binding sites in ChiA, whereasTable 1
Kinetic parameters of wild-type and mutant ChiA and ChiB for the hydrolysis of
(GlcNAc)4 at pH 6.1 and 37 C.
kcat (s1)a Km (lM)a kcat/Km (s1 lM1)
ChiA-WTb 33 ± 1 9 ± 1 4
ChiA-W275Ac 8 ± 1 157 ± 8 0.1
ChiA-F396A 13 ± 2 21 ± 8 0.6
ChiB-WTb 28 ± 2 4 ± 2 7
ChiB-W97Ab 126 ± 4 807 ± 40 0.2
ChiB-W220Ab 45 ± 2 71 ± 3 0.6
a Average of three measurements.
b Data from Krokeide et al. [31].
c The kinetic parameters were calculated with respect to the Michaelis–Menten
equation for substrate inhibition; see text for details.they are substrate binding sites in ChiB. In other words, in ChiB,
these subsites bind to the polymeric part of the chitin molecule
that is being processively degraded.
Hydrolysis of (GlcNAc)4 always yielded two (GlcNAc)2 mole-
cules showing that productive binding exclusively takes place at
2 to +2 subsites. Moreover, in the substrate concentration range
studied, all enzymes with the exception of ChiA-W275A showed
straightforward Michaelis–Menten kinetics, and the experimental
data were therefore ﬁtted to the standard Michaelis–Menten equa-
tion (Eq. (1); Fig. 2). ChiA-W275A, however, displayed substrate
inhibition necessitating the use of a version of the Michaelis–
Menten equation (Eq. (2)) that is adapted to this situation (Fig. 2)
[34]. Upon removal of Trp275, less binding energy is available to
overcome the free energy penalty of the conformational changes
that accompany substrate binding (see below), and it is conceiv-
able that, consequently, other non-productive binding modes
become more prominent. Notably, ChiA has an extended
substrate-binding cleft and surface, displaying considerable sub-
strate afﬁnities in many subsites [35–37]. MacDonald et al.
observed from a crystal structure the binding of two chitotriose
thiazolines in ChiA, one molecule binding in the 3 to 1 subsites
(as expected), and a second molecule in the ‘‘leaving-group sub-
sites’’ +1 and +2 (with the third moiety of the ligand disordered
in solvent) [36]. It may therefore be that for a fraction of available
ChiA-W275A two molecules of (GlcNAc)4 bind of either side of the
catalytic acid in the same manner as the chitotriose thiazolines
causing the substrate inhibition. Other substrate inhibition binding
modes can of course not be completely ruled out. It is unlikely that
we observe product inhibition since our data are obtained at initial
rates (always between 0 and 20% of the substrate being consumed),
and that product inhibition by and binding of (GlcNAc)2 to ChiA
has been found to be 0.45 mM (Ki) and 0.4 mM (Kd), respectively
[38]. Fitting of the data to Eq. (2) yielded a substrate inhibition con-
stant, Ki, of 25 lM.
The kinetic data (Table 1) show that while the wild type
enzymes have similar kcat and Km values, the kinetic effects of
mutations in their quite conserved +1 and +2 subsites are different.
Km values increase for both enzymes, but the increase is much
more pronounced in ChiB (200-fold and 18-fold for W97A and
W220A, respectively) than in ChiA (17-fold and 2.3-fold for
W275A and F396A, respectively). Furthermore, in ChiB the muta-
tions lead to an increase in kcat, (from 28 s1 to 126 s1 and
45 s1 for W97A and W220A, respectively), whereas in ChiA the
mutations resulted in decreased kcat values (from 33 s1 to 8 s1
and 13 s1 for W275A and F396A, respectively). For both enzymes,
the effects of mutating the +1 subsite were more prominent than
the effects of mutating the +2 subsite.
A previous study on the temperature-dependency of catalytic
rate for ChiA led to the conclusion that the rate-determining step
is substrate association when the substrate is insoluble while it
is product release when the substrate is soluble [39]. Generally,
product release should be considered when analyzing the catalytic
properties of polysaccharide degrading enzymes, as exempliﬁed by
product inhibition issues encountered in the industrial sacchariﬁ-
cation of cellulose [40]. Including product release as a potentially
rate-limiting factor, the equations for Michaelis–Menten kinetics
look as follows [41]:
Eþ S ¢k1
k1
E S!k2 E P!k3 Eþ P ð3Þ
Km ¼ k3k2 þ k3 
k2 þ k1
k1
ð4Þ
kcat ¼ k2k3k2 þ k3 ð5Þ
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Fig. 2. Examples of Michaelis–Menten plots for degradation of (GlcNAc)4 by ChiA-W275A (left) and ChiA-F396A (right). The left plot shows substrate inhibition; see text for
details.
Fig. 3. A close-up of a surface presentation of the +1 and +2 subsites of ChiA (left; PDB ID code 1ehn, [45]) with Trp275 and Phe396 colored blue and ChiB (right; PDB ID code
1e6n, [22]) with Trp97 and Trp220 colored blue, respectively. The structures show that ChiA has a more open active site cleft compared to ChiB. In ChiB, part of the cleft has a
tunnel-like shape.
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placement, k3, is part of kcat and may even dominate the term if
it is much lower than the rate of the catalysis of the chemical reac-
tion, k2 [41].
It is likely that mutations in the +1 and +2 subsites affect the
rate constant for product formation, k2. Productive binding of
(GlcNAc)4 involves that the sugar moiety in the 1 subsite under-
goes a conformational change with a considerable free energy pen-
alty [42]. Classical work on lysozyme [43] has shown that in such
cases, catalysis depends on this energy penalty being compensated
by binding energy resulting from interactions between other sugar
moieties and the enzyme. Weakening enzyme–substrate interac-
tions in the +1 and +2 subsites is likely to reduce this binding
energy (carbohydrate-aromate stacking interactions in GHs typi-
cally yield 2 kcal/mol in favorable free energy change [35,44]).
In addition to affecting binding energies, changes in the +1 and
+2 subsites may affect the stereochemistry of the enzyme–sub-
strate complex, with possible additional consequences on k2.
Importantly, ChiA and ChiB have very similar catalytic centers,
including a fully conserved 1 subsite. Structural data for their
Michaelis complexes [22,45] show almost identical enzyme–sub-
strate interactions in subsites near the catalytic center, including
similar stacking interactions of the Trp (Trp97/Trp275) in subsite
+1 and the aromate (Trp220/Phe396) in subsite 2 (Fig. 1). Thus, it
seems reasonable to assume that the effects of the mutations on
k2 are similar for the two enzymes.
Removal of aromatic side chains in the +1 and +2 subsites is
likely to reduce the substrate association rate, k1, increase the sub-
strate dissociation rate, k1, and increase the rate of product
release, k3. All these possible effects lead to an increase in Km, asis indeed observed. The key difference between the two enzymes
lies in the effect of the mutations on kcat, which, considering Eq.
(5) and the assumption that changes in k2 are similar for both
enzymes, must imply a difference in the effect on k3 and/or in
the overall importance of k3. Notably, the only alternative explana-
tion would imply that the mutations have a positive effect on k2 in
ChiB, which is highly unlikely, for reasons explained above. In ChiA,
the mutations reduce kcat, which must be due to a negative effect
on k2 that, apparently, is not compensated for by an increase in
k3. In ChiB, however, the presumed similar effect on k2 is more than
compensated for by a positive effect of k3, leading to an overall
increase in kcat (Table 1). Since the mutational effects in terms of
lost binding energy should be similar in both enzymes, the only
logic explanation for these observations is that k3 is a
rate-limiting factor in ChiB only. This explanation is in accordance
with the observation that Km effects are larger in ChiB than in ChiA,
since Eq. (4) shows that the effect of changes in k3 on Km becomes
larger as the relative magnitude of k3 increases.
Previous studies have shown that surface exposed tryptophans
close to the catalytic center are important for the degree of proces-
sivity in chitinases [7,25]. In ChiB, Trp97 is the most important resi-
due for processivity [7] while Trp167, in the  3 subsite, has the
same importance in ChiA [25]. Mutation of Trp275 in ChiA, the
equivalent of Trp97 in ChiB, hardly affects processivity. These
existing data show that tryptophans interacting with the poly-
meric part of the substrate, i.e. in the  subsites in ChiA and the
+ subsites in ChiB determine the degree of processivity. The pre-
sent comparative analysis shows that the tailoring of the enzymes
to opposite directionalities is reﬂected in the kinetics of (GlcNAc)4
degradation. The + subsites in ChiA are likely to be optimized for
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may explain why expected beneﬁcial effects of the W275A and
F396A mutations on k3 are not noticeable in the catalytic perfor-
mance (kcat) on (GlcNAc)4. On the other hand the + subsites in
ChiB are optimized to stay attached to the (normally polymeric)
substrate in between catalytic steps, hence k3 is rate-limiting and
mutational effects on k3 are noticeable in the overall catalytic per-
formance on (GlcNAc)4.
Inspection of the structures of ChiA and ChiB in complex with
substrate shows that the +1 and +2 sites in ChiA are more open
than in ChiB (Fig. 3) [22,45]. This is in line with our conclusion that
product release from the +1 and +2 subsites is more restricted and
rate-limiting in ChiB compared to ChiA.
In conclusion, the present study provides further insight into
how chitinases of the same glycoside hydrolase family are
ﬁne-tuned to the directionality of processivity. We show that
relatively simple kinetic studies with oligomeric substrates
reveal differences between such enzymes that are in accordance
with the directionality of their processivity. In particular, we
show that the +1 and +2 subsites in ChiB are tailored to remain
attached to the product after catalysis, as one might expect
for a processive enzyme moving toward the polymers reducing
end.
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